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ABSTRACT: Three-dimensional domain swapping is a mode of self-
interaction that can give rise to altered functional states and has been
identified as the trigger event in some protein deposition diseases, yet rates
of interconversion between oligomeric states are usually slow, with the
requirement for transient disruption of an extensive network of
interactions giving rise to a large kinetic barrier. Here we demonstrate
that the cytoplasmic domain of the Escherichia coli GlpG rhomboid
protease undergoes slow dimerization via domain swapping and that
micromolar concentrations of micelles can be used to enhance monomer−
dimer exchange rates by more than 1000-fold. Detergents bearing a phosphocholine headgroup are shown to be true catalysts,
with hexadecylphosphocholine reducing the 26 kcal/mol free energy barrier by >11 kcal/mol while preserving the 5 kcal/mol
difference between monomer and dimer states. Catalysis involves the formation of a micelle-bound intermediate with a partially
unfolded structure that is primed for domain swapping. Taken together, these results are the first to demonstrate true catalysis for
domain swapping, by using micelles that work in a chaperonin-like fashion to unfold a kinetically trapped state and allow access
to the domain-swapped form.

Three-dimensional domain swapping is a mechanism for
oligomerization whereby a structural element from one

subunit exchanges with the equivalent element in another
subunit, engaging in the same interactions that are found in the
monomeric state.1 Exchanged elements typically come from the
N- or C-terminus and can be formed by a compact globular
domain or by secondary structure elements that are an integral
component of each domain structure.2,3 Although domain
swapping is a relatively unusual mode of interaction, with only
∼60 structures of domain-swapped proteins available,4 a wide
range of structures undergo this type of interaction, leading to
suggestions that domain swapping can be induced in almost any
protein fold.3

Domain swapping can provide a mechanism for the
regulation of functional states, in some cases giving rise to
altered ligand binding (e.g., heparin binding by a PWWP
domain5) or changes in enzyme activity (e.g., RNase A
allostery6). These interactions have also attracted an increasing
amount of attention for potential contributions to protein
deposition diseases,7,8 with crystal structures of domain-
swapped species captured for disease-associated proteins such
as cystatin C,9 β2-microglobulin,10 and α1-antitrypsin11 that
appear to be intermediates in the fibril formation pathway.12−14

Similarly, the human prion protein responsible for the
spongiform encephalopathy Creutzfield-Jakob disease has
been crystallized as a disulfide bond-linked domain-swapped
dimer15 that has formed the basis for a model of fibril formation
via runaway domain swapping.16

A number of pioneering studies have identified factors that
influence domain swapping propensities, including hinge−loop
sequence,17,18 length,19,20 and strain,19,21,22 as well as the role of
protein unfolding in some domain swapping mechanisms (e.g.,
p13suc123,24 and the first domain of cell adhesion protein
CD220). Nonetheless, the study of domain swapping under
physiological conditions can be complicated by the presence of
a large kinetic barrier separating monomeric and domain-
swapped states, because a significant number of interactions
must be disrupted to allow exchange between monomeric and
domain-swapped species. While the formation of a domain-
swapped state can be facilitated by exposure of high
concentrations of protein to a denaturing environment, these
are not conditions that are typically encountered in
physiological systems. In addition, the use of chemical
denaturants can alter the equilibrium (e.g., stefin25 or Fis126)
or even promote the formation of different types of domain-
swapped states that differ from the biologically relevant
species.27 These issues highlight the difficulties that exist in
the identification of factors that can influence domain swapping
rates and energetics and how these might pertain to the
formation of domain-swapped species in vivo.
Here we have found that the cytoplasmic domain from the

Escherichia coli GlpG rhomboid protease can undergo domain
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swapping dimerization that is slow under physiologically
relevant conditions but can be accelerated by exposure to
micelles. We establish that zwitterionic micelles play a catalytic
role in the exchange reaction, with a positive correlation
between micelle size and rate enhancement. The structural
properties of the micelle-bound intermediate suggest that this
process involves the formation of a partially unfolded state.
Overall, these results are the first to demonstrate a catalytic role
for micelles in domain swapping and raise the possibility that
lipid−protein interactions could in some cases facilitate the
formation of domain-swapped species.

■ MATERIALS AND METHODS
Kinetics. C-Terminally hexahistidine-tagged CytD (residues

1−61 of E. coli GlpG) was expressed and purified as previously
described.28 Monomeric and dimeric species were isolated in
the final size exclusion chromatography step on a Superdex-75
10/300 GL column (GE Healthcare) in 25 mM phosphate
buffer (pH 6.5), 150 mM NaCl, and 100 μM EDTA and stored
at 4 °C. To measure the rate of dimerization, 0.25 mM samples
of monomeric CytD were incubated at elevated temperatures
(45−60 °C) to stimulate exchange. Aliquots of each sample
were removed after a range of incubation times and rapidly
cooled on ice. Size exclusion chromatography was then
performed at room temperature for each sample on the
Superdex-75 column, and peak volumes of the monomeric and
dimeric species in each elution profile were used to calculate
the relative population of the monomeric and dimeric state at
each time point. Both dimer formation and dimer dissociation
were found to follow classical first-order chemical kinetics for a
two-state system undergoing reversible exchange:
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where M is the monomeric CytD and D is the dimeric form.29

Most reactions were conducted starting with the purely
monomeric state as the reactant species. Under these
conditions, the integrated rate equation for the loss of
monomer in the reversible dimerization reaction is given by
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where fM is the fraction of monomeric CytD at time t, feq
M is the

monomer fraction at equilibrium, fo
M is the initial fraction of

monomeric CytD, and kex is the rate of exchange between
monomeric and dimeric states given by
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Nonlinear least-squares fitting was conducted to determine the
value of kex for each rate profile. Because at equilibrium
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The fraction of monomeric CytD at equilibrium could be
used with eq 2 to find k1 and k−1. Equilibrium populations were
also used to determine the dimer dissociation constant:
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where [M]eq and [D]eq represent the concentrations of the
monomer and dimer at equilibrium, respectively, and [CytD] is
the total concentration of CytD used. The effect of detergents

or denaturants on the rate of dimer formation was also
investigated using this same method, with all experiments
performed at 45 °C to allow direct comparison to rate
constants determined in the absence of additives at this
temperature. Dodecyl maltoside (DDM) and decyl-, dodecyl-,
tridecyl-, and hexadecylphosphocholines (Fos10, Fos12, Fos13,
and Fos16, respectively) were purchased from Affymetrix, and
1-palmitoyl-2-hydroxy-sn-glycero-3-phospho(1′-rac-glycerol)
(LPPG) was purchased from Avanti Polar Lipids. Second-order
rate constants (k2) for detergent-catalyzed reactions were
determined by measurement of kex over a range of detergent
concentrations. A linear relationship between kex and micelle
concentration was found in all cases, and the slope of this line
was taken as k2. Rate constants were also measured in the
absence of detergents or in the presence of Fos16 over a range
of temperatures and used in the Eyring equation to determine
the free energy of activation:
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Nuclear Magnetic Resonance (NMR) Spectroscopy
and CytD Dimer Structure Calculation. NMR samples
contained 0.7−1.0 mM uniformly labeled 15N-labeled or 13C-
and 15N-labeled CytD in 25 mM phosphate buffer (pH 6.5),
150 mM NaCl, and 0.1 mM EDTA. All NMR spectra were
recorded at 25 °C, on a Varian Inova 500 (University of Ottawa
NMR Facility), Bruker AVANCE III 600 MHz (Centre for
Vaccine Evaluation, Health Canada), or Varian Inova 800
(Quebec/Eastern Canada High Field NMR Facility) spec-
trometer, the latter two being equipped with a triple-resonance
cryogenic probe. Chemical shifts of the dimeric state were
assigned using 15N HSQC, 13C HSQC, HNCACB, CBCA-
(CO)NH, HCCH-COSY, and 15N NOESY-HSQC spectra,
which was facilitated by comparison with shifts from the
monomeric state. Data were processed by NMRPipe30 and
analyzed with NMRView.31 Average backbone amide chemical
shift differences (Δδ) between monomeric and dimeric forms
were calculated according to the formula

δ δ δΔ = Δ + Δ( ) ( /5)H
2

N
2

N (7)

where ΔδHN and ΔδN are the chemical shift differences between
monomeric and dimeric species for the amide proton and
nitrogen atoms, respectively.
To identify the intermolecular interface, a heterodimeric

protein sample was prepared by mixing equimolar amounts of
monomeric 13C- and 15N-labeled CytD with monomeric
unlabeled CytD, which was then incubated with 2.5 mM
Fos16 at room temperature for 1 h to promote dimer
formation. Size exclusion chromatography was performed to
isolate the dimeric state, which was then used to record an
F1-13C,15N-filtered/F3-13C-edited NOESY spectrum (τmix = 90
ms). Manual assignment of 131 intermolecular upper-bound
distance restraints from this spectrum was provided as input,
along with ϕ and ψ dihedral angles derived from TALOS,32 to
guide automatic NOE assignment of three-dimensional (3D)
15N-edited NOESY HSQC (τmix = 75 ms) and 3D aliphatic
13C-edited NOESY-HSQC (τmix = 90 ms) spectra in the torsion
angle dynamics program CYANA version 2.1.33 Hydrogen
bond restraints were also included for residues in secondary
structure elements that showed protection from amide proton
solvent exchange, as determined by the persistence of the
corresponding peaks in the 1H−15N HSQC spectrum acquired
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after buffer exchange into D2O. The ensemble represents the 20
lowest-energy structures of the 200 generated in the final round
of CYANA.
Circular Dichroism Spectroscopy. CD spectra were

recorded on a Jasco J-815 circular dichroism spectropolarimeter
with a 0.1 cm path length quartz cell at 45 °C. Spectra reflect an
average of eight scans recorded from 250 to 200 nm with a 0.5
nm step resolution, a speed of 20 nm/min, and a bandwidth of
1.0 nm. Samples typically contained ∼5 μM monomeric CytD
in 25 mM phosphate buffer (pH 6.5) and 150 mM sodium
chloride, in the presence or absence of 20 mM Fos16. At this
concentration, ∼99% of the sample is monomeric at
equilibrium.
The secondary structure content of CytD in the presence

and absence of Fos16 was estimated using CDPro34,35 in
conjunction with JASCO’s spectral analysis software. Average
structure percentages were calculated using the SP43 reference
protein set with SELCON3, CONTIN, and CDSSTR.35

Outputs from the three programs were averaged to determine
the percent helix, sheet, and random/undefined contributions
to secondary structure.
Equilibrium Binding Measurement. CD was used to

monitor the interaction between CytD and Fos16, because
there was an increase in the intensities at 207 and 222 nm upon
micelle binding. CytD (5 μM) in 25 mM phosphate buffer (pH
6.5) and 150 mM NaCl was incubated with Fos16 detergents at
a range of concentrations. To minimize the impact of small
variations in CytD concentration from sample to sample, the
amount of CytD bound to Fos16 was measured by taking the
ratio (r) of the ellipticity at 222 nm, a wavelength that showed a
large change upon micelle binding (Θ222), to that of a
wavelength that showed almost no change (e.g., 217 nm,
Θ217). The fraction of CytD bound to Fos16 micelles ( f b) was
calculated using the equation
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where r = (Θ222/Θ217), ro is the initial ratio of ellipticities (in
the absence of micelles), and r∞ is the ratio when all CytD is
micelle-bound. The fraction bound was plotted as a function of
Fos16 micelle concentration ([micelle]), calculated using the
equation
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with a critical micelle concentration (cmc) and aggregation
number (N) of 13 μM and 178, respectively, as reported by the
manufacturer (Anatrace). Nonlinear least-squares fitting to the
equation
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was used to find the dissociation constant for the micelle−CytD
interaction, because the detection limits of the CD experiment
necessitated the use of CytD concentrations that were similar in
magnitude to the Kd of the micelle−CytD interaction.36

■ RESULTS
The GlpG Cytoplasmic Domain Forms a Domain-

Swapped Dimer in Solution. During the course of our
previous work on the structured portion of the cytoplasmic
domain (CytD) from the E. coli GlpG rhomboid (residues 1−
61),28 size exclusion chromatography profiles in the final
purification step showed the presence of a dimeric state. This
dimer was stable at room temperature, with conversion into an
equilibrium mixture of a monomer and dimers occurring only
upon exposure to elevated temperatures [e.g., 45 °C (Figure
1A)]. Purely monomeric CytD also underwent conversion to a

dimeric state upon being subjected to these conditions (Figure
1B). Using integrated peak volumes from chromatography
profiles, monomer and dimer populations were monitored as a
function of time. For both the forward (i.e., dimer formation)
and reverse (dimer dissociation) reactions, decay profiles could
be fit to the first-order integrated rate equation for a reversible
two-state system to obtain the rate constant for exchange (kex)
as shown in Figure 1C. Equilibrium populations could be used
with kex to obtain the rate constant for forward (k1) and reverse
reactions (k−1) over a range of temperatures, allowing Eryring
parameters for the activation barrier to be determined (Figure
1C, inset). A significant activation enthalpy was found to
separate the two states, with a Δ⧧H of 74 ± 1 kcal mol−1 (85 ±
2 kcal mol−1) for the forward (reverse) reaction (Table 1), with
a half-life for the monomer of 1.9 days at 45 °C. Thermal
denaturation of the monomer as monitored by CD confirmed
that CytD was folded over the range of temperatures used in
this analysis, with a melting temperature of ∼90 °C (Figure S1
of the Supporting Information).

Figure 1. Kinetics of CytD monomer−dimer interconversion. Size
exclusion chromatography profiles of 250 μM CytD in the
predominantly (A) dimeric or (B) monomeric state before (purple)
and after incubation at 45 °C for 1 h (dark blue), 4 h (light blue), 9 h
(A) or 14 h (B) (light green) and 26 h (dark green). (C) Time
dependence for the monomer-to-dimer transition at 45 °C (blue), 50
°C (purple), 55 °C (orange), and 60 °C (red) and the corresponding
Eyring plot (inset) for the monomer-to-dimer (white points) and
dimer-to-monomer (black) transition.
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Two-dimensional 1H−15N correlation HSQC spectra
acquired for the monomer and dimer showed a subset of
peaks with significant shift differences between the two states,
localizing to the turn region connecting β2 and β3 in the
monomer structure (Figure S2 of the Supporting Information).
Differences calculated between experimentally determined
backbone chemical shifts and random coil values37,38 showed
differences between monomer and dimer species for only
residues in this turn (shown for 13Cα shifts in Figure S2C of the
Supporting Information), indicating that the structure of the
dimer resembles that of the monomer. These observations,
along with the large activation energy for interconversion,
provided strong evidence that dimerization was occurring via a
3D domain swap. This was confirmed by intermolecular NOEs
(Figure S3 of the Supporting Information) used to determine
the solution NMR structure of the dimer (Figure 2). This
elongated structure has two globular domains that resemble the

monomeric state of the protein, with the C-terminal α-helix
(α2) and central β-strand (β3) being swapped between
protomers (Figure 2). Significant changes in backbone dihedral
angles between monomeric and dimeric states were observed
for His32 and Asn33 (Figure S4 of the Supporting
Information), as is required to convert the turn between β2
and β3 into the extended conformation seen in the dimer.
Given the extended structure of the hinge region, few NOE

restraints are available to define it, thereby limiting the global
precision of the ensemble (Table S1 of the Supporting
Information). Intermolecular NOEs were nonetheless observed
in these hinge residues (Figure S3 of the Supporting
Information), suggesting a propensity for intermolecular
interactions between the two strands. This is supported by
heteronuclear {1H}−15N NOEs measured over the hinge
region, which were similar in magnitude to those from the
structured domains (Figure S5 of the Supporting Information).
This could reflect the potential for inter- and intramolecular
hydrogen bonding interactions involving a cluster of side chain
amides on one face of the hinge formed by Asn33 and Gln31
(Figure 2D). These additional interactions between polypep-
tide chains in the hinge may be at least partly responsible for
the enthalpy change that more than compensates for the loss of
entropy associated with dimerization, as was shown in the linear
van’t Hoff relationship obtained for this interaction (Figure S6
of the Supporting Information). These interactions also appear
to increase the stability of the hydrogen bonding network
involving the central β3 strand, as backbone amide hydrogen
exchange protection factors are higher for the dimer in this
region (Figure S7 of the Supporting Information).
At the time that this structure was being refined, a crystal

structure of GlpG residues 2−67 was published with its
asymmetric unit containing an elongated structure lacking a
hydrophobic core.39 Inspection of symmetry-related molecules
showed that this construct formed domain-swapped dimers in
the crystal. As shown in Figure 2, the domain-swapped dimer
obtained in the crystal is highly similar to the conformation of
the dimer in solution. While there do appear to be some
differences in the relative orientation of protomers between the
solution and crystal structures, these differences are small and
may result from crystal packing interactions or the lower
precision of the solution structure in hinge residues. Nonethe-
less, the independent determination of a domain-swapped
topology for the CytD dimer in solution confirms that the
domain-swapped state captured in the crystal represents the
same as we see in solution, and that crystallization is not
required for domain swapping to occur.

Catalysis of CytD Domain Swapping. Previous studies of
the cytoplasmic domain of the homologous rhomboid from
Pseudomonas aeruginosa showed interactions with membrane-
mimetic detergent micelles.40,41 To determine whether the E.
coli homologue possessed similar properties, 2.5 mM
hexadecylphosphocholine (Fos16) was added to 15N-labeled
monomeric CytD. As shown in the 1H−15N HSQC spectrum
(Figure 3A), a subset of peaks lost some of their original

Table 1. Activation Energy Parameters from Eyring Analysis

no detergent with Fos16

2M → D D → 2M 2M → D D → 2M

Δ⧧H° (kcal/mol) 73.2 ± 0.9 85.0 ± 1.7 20.1 ± 1.5 26.1 ± 0.4
Δ⧧S° (cal K−1 mol−1) 147.1 ± 2.8 185.7 ± 5.3 16.4 ± 5.0 37.3 ± 1.2
Δ⧧G° at 45 °C (kcal/mol) 26.5 ± 1.3 25.9 ± 2.4 14.9 ± 2.2 14.2 ± 0.5

Figure 2. Solution NMR structure of the CytD dimer. (A) Two views
of the 20 lowest-energy structures of the CytD dimer produced in
CYANA 2.1, with residues 1−30 from chain A (light blue) and
residues 35−60 from chain B (dark blue) superimposed [Protein Data
Bank (PDB) entry 2MJA, BMRB entry 19713]. The relative
arrangement of protomers with respect to each other is poorly
defined relative to that of a single protomer. Superposition with the X-
ray structure (PDB entry 4HDD) colored purple is shown at the right.
(B) Ribbon diagram representation of the lowest-energy conformer
with secondary structure elements labeled in the same color that is
used for each chain. (C) Lowest-energy conformer of the CytD
monomer (PDB entry 2LEP), in the same orientation as shown for the
left-hand protomer of the dimer on right-hand side of panel B. (D)
Same view as panel B (right-hand side) with side chains from residues
in the hinge region highlighted in the expanded view. His32 is colored
dark green and Asn33 turquoise, and Gln31 and Gln34 are colored
light green (these side chains are also shown for the monomer in the
same color scheme in panel C). All structural figures were made in
MOLMOL.65
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intensity, while new peaks appeared at different positions in the
spectrum that were identical to those seen for the domain-
swapped dimer (Figure S2 of the Supporting Information). Size
exclusion chromatography confirmed that the Fos16-treated
system was comprised of a mixture of monomeric and dimeric
species, even though the temperature of the experiment was too
low for interconversion to occur at an appreciable rate in the
absence of detergent. Moreover, at 45 °C, the rate constant for
interconversion in the presence of 2.5 mM Fos16 was found to
be ∼1700-fold faster than the detergent-free reaction (Table 2).

This effect was observed over a range of CytD concentrations
and gave rise to a linear relationship between the squared
concentration of monomer and the dimer concentration, as
expected for a monomer−dimer system at equilibrium (Figure
3B). Most strikingly, the equilibrium constant measured in the
presence of Fos16 is the same as that measured in the absence
of detergent at this temperature (Table 2), demonstrating that
Fos16 is acting as a catalyst in the domain swapping reaction.
To determine whether the micelle or the monomeric state of

Fos16 was responsible for domain swapping catalysis, we
evaluated the activity of a shorter chain phosophocholine
detergent that did not form micelles at the concentrations used
in the Fos16 experiments. Incubation of a submicellar
concentration (2.5 mM) of decylphosphocholine (Fos10)
with monomeric CytD did not promote domain-swapped
dimer formation at room temperature, while micellar
concentrations showed rapid equilibration of the two species
(Figure 3C). Further evidence that the micelle is the active
species was also provided by the linear relationship observed
between pseudo-first-order rate constants measured for dimer
formation and Fos16 concentrations (Figure 3D), because
increases in the concentration of a detergent above its critical
micelle concentration increase the concentration of micelles,
but not monomeric detergent. The size of the micelle appears
to be important for this effect, with second-order rate constants
determined in the presence of phosphocholine detergents of
increasing alkyl chain lengths also showing an increase in
catalytic activity (Figure 3E).
To identify the characteristics of the micelle that are

important for acceleration of domain swapping, rate constants
were also measured for dimer formation at 45 °C in the
presence of different detergent types (Figure S8 of the
Supporting Information and Table 2). While the anionic
lysolipid LPPG gave rise to a comparable degree of rate
acceleration, the nonionic detergent DDM only weakly
promoted exchange. Chemical denaturants were also much
less effective at promoting exchange, with 1 M urea being >100-
fold less effective than micromolar concentrations of micelles
bearing anionic or zwitterionic headgroups (Table 2). More-
over, urea gave rise to a small decrease in the proportion of
dimer relative to equilibrium levels obtained in the absence of
urea, in contrast with the catalysis by Fos micelles, which did
not alter the apparent affinity of CytD dimerization. Overall,
these results indicate that the presence of a micellar structure
with charges in the headgroup is important for catalysis.

Mechanism of Micelle-Catalyzed Domain Swapping.
While the use of micelles to catalyze reactions is well-
established in organic chemistry, the mechanism of catalysis
for domain swapping is likely to differ from that of synthetic
reactions in which selective encapsulation of reactants in the
confined volume of the micelle reduces the entropic cost of
forming a bimolecular transition state.42 Instead, we find that

Figure 3. Acceleration of CytD domain swapping by phosphocholine
detergents. (A) 1H−15N HSQC spectrum at 25 °C of 0.25 mM
monomeric CytD with 2.5 mM Fos16 detergent (red), superimposed
on the spectrum of the pure dimer. Diagnostic peaks for monomer and
dimer species are connected with arrows. (B) Monomer−dimer
equilibrium in the presence of Fos16. The slope of this line gives a
dissociation constant of 0.37 mM. (C) Micellar detergent is
responsible for the acceleration of domain swapping. Size exclusion
chromatography profiles for 0.25 mM CytD after incubation for 1 h at
25 °C with submicellar (2.5 mM, blue) or micellar (15 mM, purple)
concentrations of Fos10. (D) CytD dimerization is first-order in Fos16
micelles. Exchange rate constants (kex) at 45 °C are plotted as a
function of micelle concentration. The second-order rate constant
obtained from the slope is 2.0 s−1 (mM micelles)−1. The kex at 2.5 mM
LPPG is colored purple. (E) Second-order rate constants for
dimerization in the presence of micelles comprised of Fosn where n
is the number of carbon atoms in the detergent alkyl chain.

Table 2. Acceleration of CytD Domain Swapping at 45 °C

additivea Kd (mM) kex (s
−1) x-fold acceleration

none 0.36 ± 0.01 (2.0 ± 0.4) × 10−5 1
Fos16 0.35 ± 0.05 0.034 ± 0.010 1700
LPPG 0.68 ± 0.03 0.044 ± 0.016 2200
DDM 0.48 ± 0.13 (12 ± 2) × 10−5 6.0
urea 0.71 ± 0.02 (8.9 ± 1.0) × 10−5 4.5

aAll detergent concentrations are 2.5 mM, and the urea concentration
is 1 M.
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dimer formation exhibits first-order kinetics with respect to
CytD, indicating that the rate-determining step does not
involve the association of two subunits but rather the formation
of an intermediate, or excited state, that must be sparsely
populated to give rise to the apparent two-state system
observed in our experiments. Therefore, the micelle may
catalyze the reaction by selective interactions with this
intermediate (and its transition state) to lower its energy.
This is supported by the reduction in enthalpy required to form
the transition state in the presence of Fos16 (Table 1), because
favorable interactions between CytD and the micelle could
compensate for intramolecular interactions that must be
disrupted for domain swapping to occur. Meanwhile, the
large increase in entropy that is associated with the formation of
the transition state is reduced in the presence of Fos16 (Table
1), as would be expected from the formation of a complex
between CytD and the micelle.
To gain structural insight into the nature of the micelle−

CytD intermediate, CD spectra were acquired for monomeric
CytD in the presence and absence of saturating quantities of
Fos16 micelles. As shown in Figure 4A, there is a significant

change in the shape of the CD spectrum when an excess of
Fos16 micelles is added, with an increase in intensity at 207 and
222 nm indicating the transition to α-helical structure.
Secondary structure prediction from these spectra confirms
this increase in helix content and suggests that it comes at the
expense of β and random structure (Table 3). Thermal

denaturation studies of the micelle-bound state did not show
the cooperative loss of structure that would be expected from a
folded globular protein (Figure S1 of the Supporting
Information), suggesting that the secondary structure elements
of the micelle-bound state do not participate in stable tertiary
interactions. Overall, these data indicate that the micelle-bound
intermediate is not completely unfolded but instead retains
significant secondary structure, at least some of which is likely
to be non-native.
The change in the shape of the CD spectrum upon binding

to Fos16 micelles was used to measure the fraction of CytD
bound to micelles at various micelle concentrations. This
allowed the dissociation constant of 2 ± 1 μM for this
interaction to be measured (Figure 4B), corresponding to a free

energy of 8 kcal/mol at 45 °C. This approaches the size of the
11 kcal/mol reduction in the free energy barrier separating
monomeric and dimeric states that is provided by Fos16
micelles (Table 1).

■ DISCUSSION

The study of domain swapping can be complicated by the large
kinetic barriers that separate oligomeric states, making it
necessary to expose samples to destabilizing conditions that
may also alter the free energy difference between these states.
However, the use of pH extremes, chemical denaturants, and/
or very high concentrations can raise questions regarding the
physiological relevance of domain-swapped states that are
isolated in this manner. We have found that in the case of GlpG
CytD, it is possible to reduce the size of the kinetic barrier
without altering the equilibrium between monomeric and
domain-swapped dimeric states through transient interactions
with Fos16 micelles. The ability of substoichiometric amounts
of micelles to significantly accelerate the domain swapping
reaction without altering the free energy difference between
products and reactants is consistent with the role of the micelle
as a catalyst. While detergents have previously been implicated
in a small number of cases of domain swapping, a catalytic role
for the micelle had not been demonstrated. For example,
sodium dodecyl sulfate was shown to promote domain
swapping in the pollen allergen, Bet v4;43 however, this
occurred only when submicellar concentrations of detergent
were used. Nonionic detergents also induced domain-swapped
dimers in the pro-apoptotic Bax protein,44,45 although it was
not shown if the micellar or monomeric state of the detergent
was responsible, or if the detergent preserves the free energy
difference between monomeric and dimeric states. Therefore,
to the best of our knowledge, our results provide the first
demonstration that detergent micelles can act as a true catalyst
in domain swapping.
Although not previously appreciated, the ability of detergents

to catalyze domain swapping is likely to extend to a range of
proteins wider than the range that has currently been identified
and will be particularly relevant for those involving the
formation of a partially unfolded intermediate with some
capacity to interact with a detergent micelle. For example,
saposin C is capable of forming domain-swapped dimers in
solution46 but can also bind to detergent micelles in a partially
unfolded “open” conformation.47 Cyanovirin-N also undergoes
domain-swapped dimer formation by first-order kinetics, with a
large degree of unfolding being involved in this process.48 This
must involve a partially or fully unfolded intermediate, likely
with exposed hydrophobic residues that could facilitate
interactions with a micelle catalyst. The structure and charge
characteristics of this intermediate will have some impact on the
physical properties of the micelle required to function as a
catalyst, with the ideal system being able to interact reversibly
with this intermediate. In this respect, the interaction between
the Fos16 micelle and CytD appears to be optimal, as micelle
binding allows a significant reduction in the energy of the
intermediate, but is still transient enough to allow dissociation
from the micelle in a state that can allow domain swapping to
proceed. Moreover, the micelles can be easily removed by
dilution to submicellar concentrations or by size exclusion
chromatography in the absence of detergent. Therefore, the
study of domain-swapped interactions that involve the
formation of a high-energy intermediates could be facilitated

Figure 4. (A) CD spectrum of monomeric CytD in the absence
(black) and presence (gray) of 20 mM Fos16 (110 μM micelles) at 45
°C. (B) Equilibrium binding of Fos16 micelles to monomeric CytD at
45 °C, monitored by CD using the ratio of ellipticity at 222 nm to that
at 217 nm to give a dissociation constant of 2 ± 1 μM.

Table 3. Percent Secondary Structure Prediction from CD
Spectra

α β turn random

CytD 35 ± 3 17 ± 1 19 ± 1 29 ± 1
CytD with Fos16 45 ± 2 10 ± 1 19 ± 1 26 ± 1
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by the use of detergent micelles capable of stabilizing a partially
unfolded state.
The ability of the Fos16 micelle to induce a partially

unfolded state in CytD bears some similarity to the actions of
chaperonins, assisting folding of proteins that form kinetically
trapped intermediates along the folding pathway.49 Chaper-
onins such as GroEL and GroES can interact with misfolded
intermediates in a way that promotes unfolding.50,51 In the case
of CytD, the monomer or dimer could be considered to be a
kinetically trapped state, where interactions with the Fos16
micelle can disrupt the fold to produce a partially unfolded
state. This differs from previous applications of micelles as
chaperones in protein folding reactions, because the role of the
micelle in those instances was to bind to an unfolded state
produced through exposure to high-temperature conditions or
chemical denaturants.52,53 As seen in chaperones, this
interaction prevents aggregation of the hydrophobic segments
that become exposed in the unfolded state. However, these
micelle−protein complexes were very stable, and therefore, it
was necessary to remove the detergent through the addition of
detergent-binding agents52 or enzyme-catalyzed polymerization
into a nonmicellar state53 to allow release of unfolded
polypeptides under conditions that promote refolding. In the
case of the micelle−CytD interaction, partial unfolding is
induced by the interaction with the micelle, producing a state
that is capable of undergoing domain swapping association or
dissociation, followed by spontaneous release from the micelle
to allow the reaction to proceed.
Although the rhomboid has only recently been discovered,39

accumulating evidence supports a physiological role for the
domain-swapped dimer in the GlpG rhomboid from which
CytD is derived. In particular, it has been shown that GlpG is
dimeric in detergent micelles,54 and that cleavage of a
detergent-solubilized transmembrane substrate by purified
GlpG requires conditions that promote the dimeric state.55 In
addition, it appears that CytD domain swapping occurs in vivo,
because proteolysis of inside-out vesicles made from E. coli
membranes releases CytD in a stable dimeric state.55 While it is
possible that co- or post-translational factors could facilitate
formation of the domain-swapped species,56 the effect of the
micelle on CytD domain swapping may also provide some
insight. The integration of full-length GlpG into the lipid
membrane may facilitate interactions between CytD and the
bilayer surface that creates the activated state required for
domain swapping. Local irregularities in bilayer structure such
as those suggested in molecular dynamics simulations of
GlpG57−59 could potentially enhance this effect. These
deformations could allow increased access to the hydrophobic
phase of the membrane, mimicking the dynamic, solvent-
accessible nature of the hydrophobic phase of the micelle.
It is interesting to speculate about the effect that local

irregularities in lipid structure could have in the nucleation of
otherwise rare domain swapping events. This could be of
particular relevance for amyloid fibril formation, as it has been
suggested that propagated domain swapping is involved in the
formation of oligomers on the path to fibril forma-
tion.7,8,10,12,60,61 Fibrils typically accumulate over the course
of several years, with in vitro studies showing the presence of a
lag period that precedes the growth phase.12,62−64 This lag
phase is associated with the time it takes to form a nucleus that
can recruit soluble species into the aggregate. Because this
nucleus is comprised of domain-swapped oligomers in at least
some cases (e.g., cystatin C12−14), this raises questions

regarding the initiation of fibril formation in vivo and whether
there are physiologically relevant factors that can promote
domain swapping. Conditions that destabilize the soluble
species can shorten or eliminate the lag phase in vitro,
suggesting that exposure to local destabilizing environments
could initiate fibril growth in vivo. Our demonstration of
micelle-catalyzed domain swapping raises the possibility that
transient interactions with membranes could trigger one of
these nucleating events. Although the soluble state of fibril-
forming proteins does not typically have a tendency to bind to
lipid membranes, local deformations in lipid structure that
increase solvent accessibility of the hydrophobic phase, for
example, through the action of curvature-inducing proteins, or
by hydrophobic mismatch at the phase boundaries of lipid rafts,
could facilitate transient interactions to produce a state that is
primed for domain swapping.
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